in skeletal muscle has been proposed to act as a molecular memory of recent activation by increasing the rate of force development, ATPase activity, and isometric force at submaximal activation in fibers. It has been proposed that these effects stem from phosphorylation-induced movement of myosin heads away from the thick filament backbone. In this study, we examined the molecular effects of skeletal muscle myosin RLC phosphorylation using in vitro motility assays. We showed that, independently of the thick filament backbone, the velocity of skeletal muscle myosin is decreased upon phosphorylation due to an increase in the myosin duty cycle. Furthermore, we did not observe a phosphorylation-dependent shift in calcium sensitivity in the absence of the myosin thick filament. These data suggest that phosphorylation-induced movement of myosin heads away from the thick filament backbone explains only part of the observed phosphorylation-induced changes in myosin mechanics. Last, we showed that the duty cycle of skeletal muscle myosin is strain dependent, consistent with the notion that strain slows the rate of ADP release in striated muscle.
in vitro motility assay; mechanics ALL KNOWN MUSCLE SYSTEMS share the characteristic that the regulation of actomyosin interaction is mediated by the gated release of calcium. The specific mechanism by which calcium regulates this interaction depends on the muscle type. In molluscan muscle, calcium binds directly to the myosin essential light chain (ELC) that, together with the regulatory light chain (RLC) and part of the myosin heavy chain (MHC), constitutes the myosin regulatory domain that switches on the myosin motor in response to calcium binding (86) . In vertebrate cardiac and skeletal muscle, calcium binds to troponin C, causing a shift in the position of tropomyosin along actin and allowing myosin cross bridges to bind strongly to the thin filament and shorten the sarcomere (for review, see Ref. 22) . Smooth muscle has yet another pathway for activation in which calcium binding to calmodulin activates myosin light chain kinase (MLCK), phosphorylating the RLC and activating smooth muscle contraction (for review, see Ref. 70) .
It was shown by Perrie et al. (50) that vertebrate striated muscle RLC could also be phosphorylated by activated MLCK, and although this interaction is not necessary for activation of contraction, it appears to modulate skeletal and cardiac muscle contractility (40) . Phosphorylation of the RLC in striated muscle fibers has been shown to enhance both the magnitude (13, 52, 66, 74, 79) and rate of tension development (42, 73) as well as to increase the ATPase rate (79) at submaximal calcium levels (for review, see Ref. 71 ). Furthermore, it has been shown that myosin phosphorylation can cause potentiation of posttetanic twitch (39, 40) and the rate of cross-bridge attachment (14, 42, 48, 73, 79) . These effects have also been shown to be removed by knocking out skeletal muscle MLCK (89) . The extent of RLC phosphorylation correlates with the frequency of activation of the muscle (39, 44) , leading to the proposal that phosphorylation of striated muscle myosin RLC acts as a molecular memory, increasing actomyosin interactions after repeated muscle activation (60, 71) . Phosphorylation of the RLC was also recently shown to be an important determinant of stretch activation in myocardium (13, 66) .
Structural studies have suggested that phosphorylation of the RLC causes a disordering of the myosin heads in the thick filament by facilitating detachment of the myosin heads from the thick filament backbone and increasing their accessibility for actin binding, giving rise to the phosphorylation-induced changes in contractility (37) . The myosin RLC is attached to the elongated ␣-helical neck region of the myosin molecule, which works as a lever arm amplifying small conformational changes at the active site of the myosin head into large movements required to generate force and motility (6, 55, 56, 61) . Furthermore, the neck region also serves as a molecular strain sensor, transmitting load directly to the active site (for review, see Ref. 47) . Consistent with this idea, single-molecule studies have suggested that straining the myosin lever arm can cause changes in the kinetics of ADP release, with a negative strain slowing the release rate and a positive strain accelerating the rate (30, 84) .
It has been shown that under physiological conditions, the phosphorylation of striated muscle myosin results in a conformational change in the RLC (59) . It is possible that phosphorylation-induced changes in the RLC could modulate myosin kinetics and mechanics in a way similar to how cation binding to the RLC modulates myosin conformation and function (1, 27, 57, 75, 76) . To investigate the effects of RLC phosphorylation, we measured the velocity, duty cycle, and calcium sensitivity of velocity of phosphorylated and dephosphorylated myosins using the in vitro motility assay (34) . We observed that phosphorylation of the RLC causes a decrease in myosin velocity, independent of the myosin thick filament backbone. We propose that the reduction in velocity is due to an increase in the myosin duty cycle resulting from phosphorylationinduced stiffening of the myosin lever arm. Also, contrary to studies with filamentous myosin (52, 71, 74, 79), we did not observe the phosphorylation-dependent increase in calcium sensitivity, suggesting that this shift might be due to interactions between myosin molecules within the thick filament. We have also shown that the duty cycle of skeletal muscle myosin is strain dependent, consistent with the notion that strain slows the rate of ADP release in striated muscle.
MATERIALS AND METHODS
Preparation of endogenously dephosphorylated rabbit skeletal muscle myosin. Dephosphorylated rabbit skeletal muscle myosin was isolated from rabbit fast skeletal muscle taken from freshly euthanized New Zealand White rabbits. Briefly, muscle was minced and then extracted on ice for 20 min in 1.5 l/500 g of ice-cold Guba Straub solution of the following composition: 0.1 M potassium monophosphate, 0.05 M potassium diphosphate, and 0.3 M potassium chloride (pH 6.5). After extraction, the mince was centrifuged at 11,000 g for 30 min at 4°C. The resulting supernatant was then poured through glass wool to clarify it and precipitated with 14 volumes of cold 1 mM EDTA. The precipitate was collected by serial centrifugation at 7,000 g for 10 min with a final spin at 11,000 g. The pellet was then resuspended in 20 mM MOPS (pH 7), 1 mM DTT, and KCl to a final concentration of 0.5 M. The myosin was then ultracentrifuged at 200,000 g for 1.5 h at 4°C to remove myosin aggregates. After ultracentrifugation, the supernatant was precipitated on ice with 14 volumes of ice-cold double-distilled water. The precipitated myosin was again collected by centrifugation at 6,500 g for 10 min. To ensure that myosin was fully dephosphorylated, pellets of myosin were kept overnight on ice. The following day, myosin pellets were resuspended as described above and subjected to a second round of ultracentrifugation. The myosin supernatant was then analyzed by SDS-PAGE to determine myosin purity, mixed with an equal volume of glycerol, and stored at Ϫ20°C until use.
Preparation of endogenously phosphorylated rabbit skeletal muscle myosin. Isolation of phosphorylated rabbit skeletal muscle myosin was performed according to Stepkowski et al. (67) . In brief, the first steps of myosin extraction were the same as described above, but the myosin extract was precipitated with 5 mM potassium phosphate buffer (pH 7) instead of 1 mM EDTA. Pellets resulting from this first precipitation were resuspended in 20 mM potassium phosphate buffer (pH 8.0) and a final concentration of 0.5 M KCl. Before ultracentrifugation, myosin was incubated in the solution containing 20 mM phosphate buffer (pH 8), 5 mM ATP, 12.5 mM MgCl 2, and 0.1 mM CaCl2 for 30 min at room temperature. This step was necessary to phosphorylate myosin by the endogenous MLCK. After incubation, myosin was cooled to 4°C, ultracentrifuged, and processed in the same way as described above. In addition, all steps to obtain fully phosphorylated rabbit skeletal muscle myosin were performed on the same day, and no overnight treatments were performed. Purity again determined by SDS-PAGE analysis and the phosphorylation status was examined on 8% polyacrylamide gel in the presence of 8 M urea (58) .
Preparation of MLCK. Isolation and purification of skeletal muscle MLCK were performed simultaneously with the preparation of phosphorylated myosin (67) , allowing the myosin-bound MLCK to be copurified with phosphorylated myosin (see MLCK purification in the supplemental material in the online version of this article). However, after incubation of myosin in the solution containing 20 mM phosphate buffer (pH 8), 5 mM ATP, 12.5 mM MgCl 2, and 0.1 mM CaCl2 for 30 min at room temperature and ultracentrifugation at 200,000 g for 1.5 h at 4°C, the myosin was subjected to an ammonium sulfate precipitation instead of precipitation with 5 mM potassium phosphate buffer (see above). The first ammonium sulfate cut 0 -42.5% was to remove impurities of actin, whereas the second 42.5-55% contained the complex of phosphorylated myosin and MLCK. The separation of myosin from MLCK occurred during dialysis of the ammonium sulfate pellet containing myosin-MLCK complex. Pellet was resuspended in a minimal volume of 40 mM KCl, 2 mM MgCl 2, 10 mM imidazole (pH 6.6), 10 mM Bis-Tris, 0.5 mM PMSF, and 0.5 mM DTT and then dialyzed against the same buffer diluted four times. Precipitated myosin was collected by centrifugation at 11,000 g for 10 min at 4°C, and the supernatant contained endogenous MLCK. The preparation of MLCK was then concentrated, mixed with protease inhibitor cocktail (Sigma, St. Lois, MO), aliquoted, and stored frozen at Ϫ80°C.
Phosphorylation of dephosphorylated myosin with endogenous MLCK. Myosin (100 g) was precipitated in 10 mM DTT for 1 h on ice before centrifugation at 16,000 g for 30 min at 4°C. The supernatant was removed, and the pellet was solubilized in 50 l of buffer containing 20 mM potassium phosphate buffer (pH 8.0) and 30 mM KCl. Phosphorylation of myosin was performed in a phosphorylation buffer consisting of 20 mM potassium phosphate buffer (pH 8.0), 12 mM MgCl 2, 0.1 mM CaCl2, and 5 mM ATP. The reaction was initiated by addition of 500 M CaM (AG Scientific, San Diego, CA) and 100 g of MLCK. The mixture was incubated overnight at 4°C. The next morning, the myosin-MLCK-CaM mixture was diluted with 1.5 ml of 10 mM DTT solution, incubated on ice for 1 h, and pelleted by centrifugation at 16,000 g for 30 min at 4°C. Phosphorylated myosin was then resuspended in the desired volume of myosin buffer (300 mM KCl, 25 mM imidazole, 1 mM EGTA, 4 mM MgCl 2, and 10 mM DTT) and used in the experiments. Phosphorylation of MLCKtreated myosin was examined on 8% polyacrylamide gel in the presence of 8 M urea.
Dephosphorylation of endogenously phosphorylated myosin by calf intestinal alkaline phosphatase. Myosin (100 g) was precipitated in 10 mM DTT for 1 h on ice before being centrifuged at 16,000 g for 30 min at 4°C. The supernatant was removed, and the pellet was solubilized in 50 l of 1ϫ NEB buffer 3 (New England Biolabs, Ipswich, MA). Calf intestinal alkaline phosphatase (CIAP; 1 l, 100 units; New England Biolabs) was added, and the solution was incubated for 1 h at 37°C and placed on ice overnight. The next morning, the myosin was precipitated by adding 1.5 ml of 10 mM DTT solution to the myosin-CIAP solution and allowing the mixture to incubate on ice for 1 h. The dephosphorylated myosin was then pelleted by centrifugation at 16,000 g for 30 min at 4°C and then resuspended in the desired volume of myosin buffer. Dephosphorylation of CIAPtreated myosin was examined on 8% polyacrylamide gel in the presence of 8 M urea.
Actin purification and labeling. Unlabeled actin was prepared from chicken pectoralis muscle acetone powder using the method of Straub (69) with the modification of Drabikowski and Gergely (17) . The actin was suspended in actin buffer (25 mM KCl, 1 M EGTA, 10 M DTT, 25 M imidazole, and 4 M MgCl2). TRITC phalloidin-labeled actin was prepared by reacting a 1:1 molar ratio mixture of TRITC phalloidin and actin in actin buffer overnight at 4°C.
Regulatory proteins. Tropomyosin (Tm) and troponin (Tn) subunits (TnT, TnI, and TnC) were prepared according to standard methods (53) . Formation of the Tn complex was carried out as described by Szczesna et al. (78) and Gomes et al. (21) .
Unregulated motility assay. The in vitro motility assays were performed as previously described (76) with some subtle modifications. Approximately 200 g of myosin in 50% glycerol were suspended in 1 ml of 10 mM DTT and allowed to precipitate for 1 h on ice. Myosin competent to form filaments was collected by centrifugation at 16,000 g for 30 min at 4°C and resuspended in 200 l of myosin buffer (composition defined above). Damaged myosin heads that were unable to bind and release from actin in an ATP-dependent manner were removed by adding 1 mM ATP and 1.1 M actin and pelleting in an Airfuge for 30 min at 30 psi (135,000 g). The myosin concentration after centrifugation was determined using a Bradford assay (Bio-Rad, Hercules, CA) and diluted to the desired concentration in myosin buffer.
Flow cells were constructed by forming a channel between a nitrocellulose-coated coverslip and a standard glass slide with double-stick tape (3M, St. Paul, MN). Myosin was adsorbed to the coverslip surface by adding 30 l of myosin (100 g/ml) in myosin buffer to the flow cell and incubating for 1 min. Any remaining surface lacking myosin was blocked by adding 30 l of 0.5 mg/ml bovine serum albumin (BSA) in myosin buffer followed by a 60-l wash with actin buffer. As an additional measure to minimize the effects of damaged myosin heads, 30 l of 1 M unlabeled actin in actin buffer were vortexed and added to the flow cell. After incubation for 2 min, the flow cell was washed with 60 l of actin buffer containing 1 mM ATP and then 120 l of actin buffer without ATP. Thirty microliters of 5 nM TRITC-labeled actin was then added to the flow cell and allowed to incubate for 1 min. Motility was initiated by the addition of motility buffer (actin buffer with the addition of 0.5% methyl cellulose, 1 mM ATP, 2 mM dextrose, 160 units of glucose oxidase, and 2 M catalase).
Duty cycle estimation. The duty cycle of myosin was estimated by measuring actin filament sliding velocity vs. actin filament length using the method of Uyeda et al. (82) . This method has been used successfully by several groups to calculate the duty cycle (24 -26, 83) . The procedure was identical to the standard motility assay, except that only 25 g/ml myosin was incubated on the motility assay surface and actin filament velocity was recorded as a function of filament length. Since the number of heads available to interact with the actin filament is proportional to the actin filament length, the number of heads available to interact with the actin filament was calculated using the data of Harris and Warshaw (26), who measured surface concentration as a function of filament length. Plots of velocity as a function of the number of heads available to interact with a particular filament were obtained and fit by nonlinear regression analysis (SigmaPlot; Systat Software, San Jose, CA) to Eq. 2 with the duty cycle, f, as a fit parameter.
Strain-dependent duty cycle measurements. The procedure for measuring the strain-dependent duty cycle was identical to the unstrained duty cycle measurements, except the myosin was mixed with 1.25 g/ml of ␣-actinin (Cytoskeleton, Denver, CO) before being incubated in the flow cell.
Troponin-tropomyosin-regulated motility assays. The procedure for regulated motility assays was the same as the unregulated motility assays with minor modifications. After the TRITC phalloidin-labeled actin had bound to the surface for 30 s, 30 l of a mixture of 150 nM Tm-Tn complex in actin buffer was added to the flow cell. After 10 min of incubation allowing for the Tm and Tn to bind to the actin, 30 l of appropriate pCa motility buffer containing balanced ions as determined using a Bathe program (19) were added with the inclusion of 75 nM Tm-Tn complex and an appropriate amount of calcium. In the high-temperature experiments, the temperature of the flow cell was regulated using a Bioptechs objective heater (Butler, PA).
Microscopy. TRITC-phalloidin-labeled actin filaments were observed on a Nikon Eclipse TE2000-U microscope (Melville, NY) with standard epifluoresence illumination. The images were recorded using video microscopy and captured with a Scion frame grabber (model AG-5). Using Scion Image (Frederick, MD). Images were captured at an appropriate frame rate (ranging from 1 to 7 s per frame). The filament velocity was determined using the freeware motility software Retrac (http://mc11.mcri.ac.uk/Retrac). Fifteen to thirty filaments were analyzed from at least two different areas of the flow cell to ensure that there were no surface artifacts. Only moving filaments were counted in the average velocities. For the duty cycle measurements, the filament lengths were measured using ImageJ (http://rsb.info.nih.gov/ij/NIH).
Statistics. For each flow cell, the velocity and standard errors were calculated for 15-30 sliding filaments over the course of 5-10 frames. A two-tailed t-test was used to examine the significance of the differences between velocities. The P value was calculated from the Student's t-test distribution and corrected for multiple comparisons using the Holm t-test criteria.
For the duty cycle measurements, a large volume of data needed to be collected due to the inherent noise in the assay. The sliding velocities of 145-204 different actin filaments over the course of 5-10 frames were measured for each condition for at least two different myosin preparations. Each point represents the average sliding velocity of a single actin filament over the course of 5-10 frames. For the regulation experiments, fewer data were required since the experimental noise was less. Each point represents the average sliding velocity of 15-30 actin filaments averaged over 5-10 frames with the error bars representing the standard error in the mean velocity of the 15-30 actin filaments. For all experiments where the data were fit to a model, a least-squares algorithm was employed (SigmaPlot). Parameter values (Vmax, f, pCa50, nH) and the errors in these parameters were determined from the errors in the least-squares fit. The regression lines were tested for coincidence by an analysis of the variance. When different conditions (i.e., the duty cycle of phosphorylated and dephosphorylated myosins in the absence of strain) were compared, the standard error in the estimate was calculated for both the pooled estimate of the variance about separate nonlinear regression curves and a common regression curve. The improvement gained by fitting to the two separate nonlinear regression curves instead of one common regression curve was quantified by calculating the F statistic. All of the conditions tested were found to be significantly different (P Ͻ 0.05) using the F statistic. Once it was established that the different regression lines were not coincident, a two tailed t-test was used to examine whether there were statistically significant changes to the myosin duty cycle based on the values obtained from the least-squares fit.
RESULTS
Myosin was purified from rabbit psoas muscle and endogenously phosphorylated or dephosphorylated during preparation. Phosphorylation of endogenously dephosphorylated myosin was also achieved by incubation with calmodulin, MLCK, ATP, calcium , and high magnesium, whereas dephosphorylation of endogenously phosphorylated myosin was also achieved by incubation with CIAP in the absence of ATP and calcium. The extent of endogenous or MLCK treatment-induced RLC phosphorylation was measured by urea gel electrophoresis and densitometry (Fig. 1A) . The endogenously phosphorylated myosin showed 81% RLC phosphorylation (Fig. 1A, lane c) , whereas endogenous dephosphorylated myosin showed no detectable RLC phosphorylation (Fig. 1A, lane a) . Treatment of endogenously dephosphorylated myosin with MLCK yielded 80% RLC-phosphorylated myosin, whereas treatment of endogenously phosphorylated myosin with CIAP yielded nearly complete RLC dephosphorylation as determined by densitometry (Fig. 1A, lanes b and d) .
Velocity. To determine the effects of RLC phosphorylation on myosin's motion-generating capacity, we measured the sliding velocity of fluorescently labeled actin filaments propelled by a bed of either phosphorylated or dephosphorylated myosin using the in vitro motility assay. We observed that endogenously dephosphorylated myosin propelled actin filaments at a sliding velocity (V) of 1.05 Ϯ 0.04 m/s, whereas endogenously phosphorylated myosin moved actin at a significantly lower velocity of 0.84 Ϯ 0.08 m/s (P Ͻ 0.01) (Fig.  1B) . The decrease in velocity with phosphorylation may be even greater with 100% phosphorylation.
To ensure that the observed change in velocity was due to RLC phosphorylation-induced changes in the properties of myosin and not a result of the purification procedures for endogenously phosphorylated and dephosphorylated myosin, we repeated the sliding velocity assay using MLCK-phosphor-ylated or CIAP-dephosphorylated myosin preparations (Fig.  1B) . MLCK-treated dephosphorylated myosin (V ϭ 0.83 Ϯ 0.08 m/s) showed a similar 20% reduction in velocity, giving a velocity that was indistinguishable from the endogenously phosphorylated myosin (P ϭ 0.91). Likewise, CIAP treatment of phosphorylated myosin (V ϭ 1.05 Ϯ 0.02 m/s) caused an increase in velocity that was indistinguishable from endogenously dephosphorylated myosin (P ϭ 0.98). Therefore, the observed 20% reduction in velocity was due to phosphorylation-induced changes in the myosin molecule and not experimental artifact due to the purification procedure. Furthermore, since MLCK-and CIAP-treated myosins are indistinguishable from their endogenously phosphorylated and dephosphorylated counterparts, endogenously phosphorylated and dephosphorylated myosins were used for the remainder of the experiments.
Duty cycle. The velocity, V, of myosin-induced actin filament translocation in an in vitro motility assay is given by (81)
where d is the unitary step size of myosin, k ATP is the actinactivated ATPase rate, and f is the duty cycle of the myosin (i.e., the fraction the myosin biochemical cycle spent attached to actin). Changes in actin filament velocity in the in vitro motility assay are indicative of changes in at least one of these parameters. It has previously been shown that phosphorylation has no effect on the ATPase rate (49, 51); thus any observed changes in V must be due to changes in d or f. Therefore, we measured the myosin duty cycle to examine whether the phosphorylation-induced reduction in actin filament sliding velocity could be ascribed to changes in the duty cycle. At a low density of surface myosin, the actin filament sliding velocity in the in vitro motility assay is given by the nonlinear relationship (82)
where ␣ relates to the efficiency of force transmission of the myosin, V max is the maximal velocity, f is the duty cycle, and N is the number of myosin heads available to interact with the actin filament. Since an actin filament in a motility assay will move at its maximal velocity if at least one myosin head is interacting with it at any given time, and the probability of a head interacting with an actin filament increases nonlinearly with myosin concentration, a myosin with a higher duty cycle will require fewer myosin heads to move the actin filament at maximal velocity. When we measured the duty cycle of both phosphorylated and dephosphorylated rabbit skeletal muscle myosin (Fig. 2) , we found that there was a significant 45 Ϯ 1% increase in duty cycle upon phosphorylation (P ϭ 0.05). This significant increase in duty cycle is consistent with a decrease in velocity that exceeds the observed 20% decrease seen in RLC-phosphorylated myosin. Strain dependence of the duty cycle. It is possible that RLC phosphorylation might affect the RLC-MHC interaction and Fig. 2 . The duty cycles (f) of RLC-dephosphorylated and RLC-phosphorylated myosins were calculated by measuring the velocity of actin filament sliding vs. the number of myosin heads available to interact with the actin filament and fitting to Eq. 2. Each point represents the average sliding velocity of a single actin filament across 10 video frames; 176 actin filaments were followed for RLC-dephosphorylated myosin and 166 filaments were followed for RLCphosphorylated myosin. The duty cycle for RLC-dephosphorylated myosin was 3.21 Ϯ 0.45%, whereas the duty cycle for RLC-phosphorylated myosin was 4.64 Ϯ 0.60%. thus neck/lever domain stiffness. It is therefore conceivable that the duty cycle of myosin could change under an applied force since it has been shown that straining the myosin lever arm can change the myosin kinetics (84) . We therefore measured the duty cycle under load using the same experimental procedure as the unloaded duty cycle measurements (Fig. 2) , except that a small amount of ␣-actinin, a low-affinity actinbinding protein that can be used to exert a frictional drag on sliding actin filaments (5), was introduced into the flow cell with the myosin. To determine the loaded duty cycle, we added enough ␣-actinin to slow velocity but not stop it. In the presence of the frictional load (Fig. 3) , we found that the duty cycle of both dephosphorylated (f dephos. unstrained ϭ 3.21 Ϯ 0.45%, f dephos. strained ϭ 6.8 Ϯ 1.6%; P Ͻ 0.05) and phosphorylated (f phos. unstrained ϭ 4.64 Ϯ 0.60%, f phos. strained ϭ 9.2 Ϯ 2.0%; P Ͻ 0.05) myosins increased. As was seen in the unloaded case, there was an increase (35 Ϯ 1%) in duty cycle for RLC-phosphorylated myosin compared with the dephosphorylated myosin under load.
Troponin-tropomyosin-regulated motility assays. We also studied the effects of RLC phosphorylation on the sliding velocity of regulated thin filaments. In regulated motility assays, thin filaments are coated with tropomyosin and troponin and allowed to slide over a bed of randomly oriented surface myosin in the presence of different concentrations of calcium (4) . The relationship between calcium concentration and the sliding velocity of thin filaments in a regulated motility assay is described by a Hill equation:
where V max is the maximal sliding velocity, pCa 50 is the calcium concentration at which half-maximal velocity is achieved, and n H is the Hill coefficient, a measure of the cooperativity of thin filament activation. We measured thin filament sliding velocity vs. calcium concentration at 24°C (Fig. 4) . There is no significant change in calcium sensitivity (as shown by the pCa 50 value; P ϭ 0.6) or cooperativity of thin filament activation (as shown by the Hill coefficient; P ϭ 0.85) upon phosphorylation. These results contrast with the results of fiber studies (52, 66, 74) and the actin-activated ATPase measurements performed with partially filamentous myosin (79) , where a shift toward lower calcium concentrations of the force-pCa dependence was observed with phosphorylation of RLC.
Since it has been reported that the phosphorylation-induced shift toward submaximal calcium activation becomes more pronounced with increased temperature (18, 74) , we measured the in vitro regulation of RLC-phosphorylated and dephosphorylated myosin at 35°C as a function of calcium concentrations (Fig. 4) . Once again, there was no change in calcium sensitivity of velocity (as evidenced by the unchanged pCa 50 value; P ϭ 0.35) or in the cooperativity of thin filament activation (no difference in the Hill coefficient; P ϭ 0.93) between phosphorylated and dephosphorylated myosins. There was, however, a significant increase in the calcium sensitivity of velocity at 35 compared with 24°C (P Ͻ 0.001) for both RLC-phosphorylated and dephosphorylated myosin (P Ͻ 0.01) (Fig. 4A) . The cooperativity of the velocity-pCa relationship remained unchanged for phosphorylated (P ϭ 0.15) and dephosphorylated (P ϭ 0.17) myosins.
DISCUSSION
Examining endogenously phosphorylated and dephosphorylated myosins in the in vitro motility assay, we observed that the unloaded sliding velocity of myosin was decreased 20% upon RLC phosphorylation. Fiber studies have shown conflicting data as to whether phosphorylation changes the unloaded sliding velocity of myosin, with some studies showing no differences in sliding velocity upon phosphorylation (7, 45, 52, 72) and others showing a depression in velocity (11, 12) . However, the earlier experiments showing a depression in actin filament sliding velocity were performed under fatigue-like conditions (7, 74) and, as has been shown, fatigue-like conditions would cause a depression of phosphorylated myosin unloaded shortening velocity (7, 18, 31) .
Since our result showing a reduction in unloaded sliding velocity with phosphorylation was somewhat unexpected, we exogenously phosphorylated endogenously dephosphorylated myosin using Ca 2ϩ /CaM-activated exogenous MLCK. We also dephosphorylated endogenously phosphorylated myosin using CIAP (Fig. 1A) . We demonstrated that the 20% depression of Fig. 3 . Comparison of the effect of applied strain on the duty cycle on RLC-dephosphorylated (A) and RLC-phosphorylated myosins (B). Each point represents the average sliding velocity of a single actin filament across 5-10 video frames; 145 actin filaments were followed for RLC-dephosphorylated myosin, and 204 actin filaments were followed for RLC-phosphorylated myosin. The duty cycle for strained dephosphorylated myosin was 6.8 Ϯ 1.6%, and the duty cycle for strained phosphorylated myosin was 9.2 Ϯ 2.0%. These measured duty cycles are ϳ2-fold higher than the measured unstrained duty cycles.
the phosphorylation-induced unloaded sliding velocity was reversible (Fig. 1B) . Thus the observed reduction in velocity is due to phosphorylation-based changes in myosin motor function and not due to purification-induced artifacts. Furthermore, this decrease in velocity with phosphorylation was seen in both unregulated (Figs. 1-3 ) and regulated thin filaments at high and low temperatures (Fig. 4A) .
Previous studies have shown that there is no difference in the maximal rate of actin-activated ATPase with phosphorylated myosin in either the absence (49, 51) [using heavy meromyosin (HMM) and myosin filaments, respectively] or presence of the regulatory proteins (79) [using full-length myosin]. Fiber studies have shown that phosphorylated myosin has an increased rate of transition from the weakly to the strongly bound state (14, 16, 42, 48, 73, 79) . Furthermore, it has been proposed that in fibers, the rate of transition from a strongly to weakly bound state is either unaffected (73) or decreased (16, 48) by phosphorylation. A phosphorylation-induced increase in the rate of transition from weak to strong binding with or without a decrease in the rate of transition from strong to weak binding would tend to populate the strongly bound states and thus increase the myosin duty cycle. This is consistent with our data suggesting that phosphorylation causes a 44% increase in the myosin duty cycle. In support of this, the binding of phosphorylated HMM to actin was shown to be stronger than the dephosphorylated HMM in the conditions when the Ca 2ϩ -Mg 2ϩ binding site of the phosphorylated HMM was saturated with Mg 2ϩ (77) , similar to the conditions used in our motility assays.
Based on a detachment limited model of actomyosin interaction (3, 29, 64, 81) , the velocity of myosin in the in vitro motility assay is inversely proportional to the myosin duty cycle (Eq. 1). On the basis of our observed increase in duty cycle, one would expect to see a decrease in the myosin unloaded shortening velocity in RLC-phosphorylated fibers as we do in the in vitro motility assay; however, such a reduction in velocity has only been seen in fibers under fatigue-like conditions (18, 31, 68) . Under fatigue-like conditions, acidosis of the muscle causes an increase in the number of weakly bound cross bridges (2, 15, 18, 32, 43) . Along these lines, phosphorylation of the RLC has been shown to reduce actin filament velocity in fibers treated with vanadate and blebbistatin, conditions that increase the population of weakly bound states (18, 68) . It is possible that the geometry of the in vitro motility assay, in which the myosins are randomly oriented on the motility assay surface, would make the myosin more prone to populating fatigue-like, weakly bound states that would exert a drag force on sliding actin filaments, reducing the actin filament velocity. Although this may play a role in reducing the actin filament sliding velocity of phosphorylated myosin in our assays, we believe that the primary cause of the reduction in velocity stems from the observed increase in the duty cycle of phosphorylated myosin. Even if these weakly bound cross bridges were to cause a slight reduction in velocity, they do not generate force and do not contribute to the observed increase in duty cycle. According to Eq. 1, a change in duty cycle is expected to decrease myosin velocity, and thus it seems reasonable that the observed decrease in velocity is primarily due to the changes in the myosin duty cycle and not due to the population of weakly bound dragging cross bridges.
The observed increase in myosin duty cycle with phosphorylation should decrease the velocity by 44% (Eq. 1). However, we only observed a 20% reduction. Given that the ATPase rates of the phosphorylated and dephosphorylated myosin are unchanged (49, 51, 79) , one explanation for this discrepancy could be that RLC phosphorylation causes an increase in the unitary step size of the myosin. A phosphorylation-induced change in the unitary step size of myosin would not be unreasonable, since the RLC supports the neck region of myosin, the structure that is believed to act as a lever arm, amplifying small conformational changes generated by the myosin head. This neck region also has been proposed to be one of the principal sources of compliance of the actomyosin cross bridge (28) . Phosphorylation of the RLC adds negative charges to the neck region of the myosin, possibly stiffening the lever arm (37) . In fact, such stiffening of the lever arm with RLC phosphorylation has been observed in smooth muscle myosin (33) . Stiffening of the lever arm would allow for more efficient transmission of conformational changes at the active site of the myosin head down the lever arm, potentially increasing the myosin unitary step size. This increased step size would offset the depressive effect of the increase in duty cycle on velocity, explaining why we saw only a 20% decrease in velocity but a 44% increase in duty cycle. The hypothesis of phosphorylation-induced stiffening of the myosin lever arm is also supported by the results of Ritz-Gold et al. (59) , who showed that phosphorylation of the myosin RLC alters the conformation of myosin, making myosin less susceptible to proteolysis. On the other hand, Franks-Skiba et al. (18) saw no difference in the stiffness of phosphorylated and dephosphorylated fibers. However, this result does not preclude the possibility of a stiffening of the myosin lever arm, since the increase in lever arm stiffness upon phosphorylation could be offset by a potential decrease in stiffness of the thick filaments due to release of the phosphorylated myosin heads from the thick filament backbone (35) (36) (37) . Single-molecule studies of myosin step size and stiffness are needed to address this issue.
Since the myosin neck region has been proposed to act as a strain sensor, transmitting forces from the neck region to the myosin head (and visa versa), it is possible that changing the stiffness of the myosin cross bridge may cause changes in the strain sensitivity of myosin biochemistry (47) . A phosphorylation-induced stiffening of the neck region would tend to enhance the propagation of forces down the myosin heavy chain neck region. This additional sensitivity to load, in turn, could slow the rate of ADP release, explaining the observed changes in detachment rate (14, 42, 73, 79) and duty cycle with RLC phosphorylation. This hypothesis is consistent with the proposal that phosphorylation of the RLC could cause changes in the rate of ADP release from myosin, reducing the myosin velocity and increasing the duty cycle (18, 48) . This would not be unreasonable, since it has previously been shown that nucleotide binding in the head region causes an increase in the solvent exposure of the RLC (and that this effect was greater in RLC-phosphorylated myosin), suggesting that changes in the myosin head can affect the conformation of the RLC (41) .
We also compared the duty cycle of myosin under both loaded and unloaded conditions. Introduction of an ␣-actininbased frictional load reduced the actin sliding velocity by 50% and caused a substantial increase in duty cycle (112% increase for RLC-dephosphorylated myosin and 98% increase for RLCphosphorylated myosin). This change in duty cycle would probably be even greater under isometric conditions. However, our method does not allow for the measurement of the strained duty cycle in the absence of actin filament sliding. The observed increase in duty cycle in the presence of ␣-actinin provides strong evidence for a strain dependence in one or more of the myosin biochemical transitions. An increase in duty cycle is indicative of an increase in the population of strongly bound myosin heads and would occur via changes in the rates of phosphate release, ADP release, or ATP binding (47) . It has previously been shown using optical trapping techniques that strain significantly slows the rate of ADP release in nonmuscle myosins (9, 54) and smooth muscle myosin II (10, 30, 84) , but such a slowing has not been observed in fast muscle myosin, where the rate of ADP release is too fast to be measured using optical traps. It has been suggested that the strain sensitivity of smooth muscle myosin to ADP release is associated with a rotation of the lever arm with ADP release (20, 47) . Although such a rotation has been observed in optical trapping data of skeletal muscle (8) , it has not been observed by either electron paramagnetic resonance or crystallographic studies (8, 47) . There is data suggesting that the myosin biochemical state observed after loading the myosin with exogeously added ADP from the apo-state (as was done in these structural studies) might be different from the state that occurs with the release of ADP from ATP hydrolysis (3, 8, 63, 80) , possibly explaining why no lever arm swing was detected in structural studies. Furthermore, it is important to note that although these data are consistent with a slowing of the rate of ADP release with strain in fast skeletal muscle, they do not preclude a different step in the biochemical cycle from being strain dependent.
Regulation by tropomyosin and troponin. The shift toward submaximal calcium activation with phosphorylation has led to the suggestion that phosphorylation acts as a molecular memory (71) , enabling the development of force in muscle fibers at lower levels of activation after repeated stimulation. Actin-TmTn-activated ATPase measurements of phosphorylated and dephosphorylated filamentous myosin revealed a shift toward submaximal calcium activation of force development and ATPase for phosphorylated myosin (79) . A similar shift toward submaximal calcium activation after phosphorylation has been observed for force development in skinned fibers (52, 66, 74) . On the other hand, our in vitro motility data using randomly oriented (nonfilamentous) surface myosins show no phosphorylation-induced changes in either the pCa 50 value or the Hill coefficient of activation.
The lack of effect on calcium sensitivity in our regulated motility assays could be explained by three different, nonexclusive mechanisms. First, sliding velocity and ATPase have different rate-limiting steps, whereas ATPase is limited by an isomerization of the phosphate-bound state (65), product release (38) , or ATP hydrolysis (85) , and sliding velocity is limited by ADP release (62, 64) . It is possible that phosphorylation has a more pronounced effect on the rate of phosphate release than the ADP release rate, and thus the effect of phosphorylation on submaximal calcium activation was masked, consistent with the results of Davis et al. (14) . Second, it is possible that the observed lack of change in the calcium sensitivity of phosphorylated myosin could be due to the geometric constraints of the motility assay. Yang et al. (87) suggested that the effects of phosphorylation on submaximal calcium activation require a separation of at least 10 nm between the thick and thin filaments. When the skinned muscle fiber was artificially compressed, the submaximal calcium activation induced by phosphorylation was removed. In the in vitro motility assay, actin lies on the surface of a bed of myosin, and thus the distance from the myosin to the actin filament could be less than 10 nm, possibly causing a masking of the effect of phosphorylation on submaximal calcium activation. However, we consider this possibility unlikely, since solution ATPase measurements using regulated thick filaments, where there are no imposed geometric constraints, also showed submaximal calcium activation (79) . Finally, our motility assay utilized monomeric myosin, whereas the fiber studies and the ATPase experiments used filamentous or partially filamentous myosin, respectively. It is possible that the thick filament couples the myosin monomers, cooperatively changing the kinetics of the myosin.
Another interesting observation from the regulation experiments was that an increase in temperature caused a shift toward submaximal calcium activation for both phosphorylated and dephosphorylated myosins. This shift can be explained by the different temperature dependencies of the various steps in the myosin ATPase cycle. Activation of the thin filament occurs during the transition of myosin from a weakly bound to a strongly bound state (23) . Myosin strong binding to the thin filament changes the equilibrium position of tropomyosin, lowering the energy barrier for successive myosins to bind to actin (for review, see Ref. 22) . Therefore, a shift toward submaximal calcium activation at higher temperatures could be indicative of an increase in the number of strongly bound bridges attached to the thin filament, consistent with data suggesting that the transition to strong binding has the greatest sensitivity to temperature (as evidenced by the Q 10 ) of any step in the biochemical cycle (88).
Perspectives and Significance
There are several differences observed in our in vitro motility studies compared with skinned fiber studies. First, our experiments, done with purified contractile proteins, have the distinct advantage in probing molecular changes in myosin contractility over skinned fiber experiments in that all of the phosphorylation-induced results can be attributed to changes in the myosin molecule and not broader cellular changes, changes in lattice structure, or changes in other sarcomeric proteins. Second, in muscle fibers, myosin is in a filamentous form, whereas our experiments utilize randomly oriented myosin molecules. As such, our results probe the molecular properties of monomeric myosin and not any possible structural changes or allosteric coupling of myosins in the thick filament. Interestingly, we observed the changes in velocity and duty cycle independently of the presence of the thick filament backbone, suggesting that the basis for these alterations originates at the molecular level. These changes are not accounted for by a model in which the primary effect of phosphorylation is to move the myosin heads away from the thick filament backbone (37, 87) . Instead, it is more likely that these changes are due to changes in the stiffness of the myosin lever arm or actomyosin kinetics upon phosphorylation.
Finally, the effects of phosphorylation on calcium sensitivity are only observed with an intact thick filament (52, 66, 74, 79) , suggesting that the thick filament backbone is required to see these phosphorylation-induced changes in thin filament regulation. This idea is consistent with the suggestion of Myburgh and Cooke (46) , who proposed that the properties of phosphorylation could require an intact myofilament array. Phosphorylation-induced movement of myosin heads away from the thick filament backbone could exert its effects by increasing the probability of the formation of actomyosin cross bridges by decreasing the diffusional barrier for activation (37, 87) . It also is possible that the thick filament couples the individual myosin force generators, altering the kinetics of the myosin through an allosteric mechanism. Our experiments using monomeric myosin would not be able to detect these changes. Future experiments using filamentous myosin motility assays are necessary to allow us to test these possibilities.
